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Polyethylene (PE) is a primary contributor to environmental plastic pollution, posing a critical risk 
to ecosystems and living organisms. This study screened six yeast strains (BI.4.1.1, K3.1.2, M.5.0.1, 
M.5.0.3, M.6.0.1, and M.6.0.2) isolated from marine plastic debris in East Java, Indonesia, for their 
ability to degrade PE. Among these, Meyerozyma carpophila M6.0.2 demonstrated functional 
characteristics with the highest polyethylene-degrading activity in liquid medium after a 10-day 
incubation, with a degradation percentage of 0.4923%. This was supported by its biofilm-forming 
capacity, biosurfactant production, and broad metabolic activity as demonstrated by EcoPlate assays. 
In addition, Scanning Electron Microscope (SEM) and Fourier Transform Infrared Spectroscopy (FTIR) 
analyses of PE films revealed morphological changes and emergence of new peaks, respectively. 
Whole-genome sequencing (WGS) of strain M6.0.2 was performed using the Illumina NextSeq 2000 
platform (PE 150), yielding a genome assembly of 10.34 Mb across 108 contigs with an N50 length 
of 1.08 Mb. A total of 5,352 putative genes were predicted. These findings highlight Meyerozyma 
carpophila M6.0.2 as a promising candidate for bioremediation of marine plastic pollution, emphasizing 
the combination of functional and genomic insights for a better understanding of the mechanism of PE 
biodegradation.
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Plastic pollution constitutes a global environmental crisis that poses a significant threat to ecosystems, 
particularly marine environments1. Its persistent characteristics allow it to accumulate over a very long period, 
causing severe ecological effects, including impacts on biodiversity and human health2,3. Polyethylene (PE) is 
one of the primary polymers contributing to environmental plastic pollution, accounting for approximately 
64% of all plastic materials4–6. It consists of long, linear ethylene monomers (C2H4)n chains. PE’s highly stable 
aliphatic backbone renders it resistant to degradation and environmentally recalcitrant7,8.

Indonesia has been reported as the second-largest producer of marine plastic waste after China. Studies 
conducted between 2015 and 2019 estimated that plastic debris entering the Indonesian marine environment 
ranged from 0.27 to 1.29 million tons per year9,10. Plastics such as PE can also fragment into microplastics 
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and nanoplastics, which are increasingly recognized for their potential to harm marine organisms and transfer 
through food webs, raising concerns for human health11.

PE waste represents one of the most pressing environmental challenges. Several strategies have been developed 
to enhance PE degradation, including photodegradation, thermo-oxidative degradation, and biodegradation. 
Compared with photo-physical degradation methods, biodegradation is more efficient, economical, and 
environmentally friendly12–14. Photodegradation, for instance, is a relatively slow process that may take up to 
two years. Photodegradation is associated with ultraviolet radiation, while thermal degradation leads to the 
decomposition of polyethylene with energy input from high temperatures. This significantly increases energy 
and operational costs. Both photodegradation and thermo-oxidative degradation can produce toxic gases such 
as dioxins (C4H8O2), carbon monoxide (CO), hydrogen sulfide (H2S), Polycyclic Aromatic Hydrocarbons 
(PAH), and furans (C4H4O), posing potential health hazards. Biodegradation is considered a more sustainable 
alternative due to its environmentally friendly nature and the absence of toxic by-products. It involves several 
enzymes produced by microorganisms that can degrade PE until it is completely mineralized15,16.

Research on polyethylene (PE) degradation has predominantly focused on microorganisms from bacterial 
and fungal groups; however, studies involving yeast for plastic degradation, including PE, remain limited17,18. 
Similar to other fungi, marine yeasts—or yeasts isolated from marine environments—can adapt and survive 
under extreme conditions. Yeasts with this feature may be valuable for application in ex-situ processing of marine 
plastic waste using bioreactors19. These adaptive traits may not be present in terrestrial yeasts20. Many yeasts are 
known to produce extracellular enzymes and to form biofilms enclosed within an extracellular matrix21,22. In 
addition, they can produce biosurfactants, which can enhance cell attachment to plastic surfaces during biofilm 
formation. Improved cell adhesion to PE is expected to facilitate the degradation of this highly recalcitrant 
polymer23.

Among the existing yeast taxa, the species Meyerozyma carpophila is widely distributed across various 
habitats, ranging from insects to estuarine environments. No studies have reported its role in PE degradation. 
To the best of our knowledge, the only existing studies within the genus Meyerozyma that report PE-degrading 
activity involve the species Meyerozyma caribbica and Meyerozyma guilliermondii18,24.

As the specific mechanism of PE biodegradation remains unclear, many studies have investigated PE 
degradation by referring to the alkane biodegradation pathway, due to the chemical similarity between alkanes 
and PE. Several microbial enzymes are believed to play important roles in alkane degradation. Seo et al.25 proposed 
a PE degradation mechanism involving P450 monooxygenase and hydroxylase as key initiating enzymes. In 
addition, enzymes such as laccase, peroxidase, alkane monooxygenase, hydroxylase, alcohol dehydrogenase, 
aldehyde dehydrogenase, esterase and lipase are thought to be involved in PE decomposition. However, further 
research is required to confirm the presence of functional genes directly or indirectly involved in PE degradation 
in yeast. Whole genome sequencing (WGS) enables the identification of specific genes and enzymes that may 
play a role in this process.

In plastic-polluted environments, microbes capable of degrading plastic can be found, as they have adapted 
to survive by utilizing plastic as a carbon source26. A previous study by Alami et al.27 successfully isolated 
yeast strains from plastic waste biofilms collected in various plastic-contaminated locations in Surabaya and 
Banyuwangi, East Java, Indonesia. Out of 19 isolates obtained, six isolates—namely BI.4.1.1, K3.1.2, M.5.0.1, 
M.5.0.3, M.6.0.1, and M.6.0.2—were derived from plastic sampling sites in the marine environment (coastal 
area). A polyethylene-based media screening assay was performed to assess their ability to form clear zones. 
However, their potential for polyethylene degradation has not been fully characterized.

In this study, six yeast isolates obtained from marine plastic debris were investigated for their potential to 
degrade polyethylene (PE). The research aimed to comprehensively characterize the most promising isolate 
through phenotypic, biochemical, and genomic approaches. These included assessments of biofilm formation, 
biosurfactant production, and metabolic capabilities, as well as genome sequencing to identify candidate genes 
potentially involved in PE degradation.

To the best of our knowledge, this is the first report to explore the PE degrading ability of M. carpophila, 
particularly from a marine environment, and the first to integrate functional and genomic analysis of this species. 
Our findings provide new insights into the bioremediation potential of marine-derived yeast for addressing PE 
pollution.

Materials and methods
Plastic material
Three forms of polyethylene (PE)—powder, film, and granules—were employed in this study, each selected for 
its suitability to a specific experimental assay. PE powder (CAS No. 9002-88-4; Sigma-Aldrich, USA) was used 
for qualitative assays on solid media, including microbial growth and clear zone formation, owing to its ability 
to float on the agar surface during solidification, thereby facilitating direct substrate–microbe interactions28. A 
high-density polyethylene (HDPE) film (5 × 5 mm, 10 μm thick), sourced from packaging material purchased in 
Surabaya, Indonesia, was used in biofilm formation assays. Its thin profile and relatively large surface area made 
it well-suited for supporting microbial attachment and growth29. Low-density polyethylene (LDPE) granules 
(melt index: 190 °C/2.16 kg; Sigma-Aldrich, USA) were used for quantitative biodegradation assays in liquid 
media, as their uniform size and shape allow for accurate measurement of weight loss and enable subsequent 
surface and chemical structure analysis using Scanning Electron Microscopy (SEM) and Fourier Transform 
Infrared (FTIR) spectroscopy30. The PE powder and granules were sterilized by immersion in 70% ethanol for 2 
h, followed by oven drying at 50 °C until a constant weight was achieved, and exposure to UV light for 1 hour11. 
The PE film was sterilized by immersion in 70% ethanol for 20 min and air-dried before use31.
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Yeast isolates
The yeast isolates used in this study—BI.4.1.1, K3.1.2, M5.0.1, M5.0.3, M6.0.1, and M6.0.2—have been deposited 
in the Airlangga University Culture Collection (AUCC), Surabaya, Indonesia, under the accession numbers 
UACC 365233 (M6.0.1), UACC 465223 (K3.1.2), UACC4 65224 (M5.0.1), UACC 465225 (M5.0.3), UACC 
465226 (M6.0.2), and UACC 465227 (BI.4.1.1). These isolates were obtained from marine plastic debris collected 
from plastic-polluted areas in Surabaya and Banyuwangi, East Java, Indonesia. Subculturing of these isolates was 
performed on Wickerham’s YM medium, composed of (per L): 3 g yeast extract, 3 g malt extract, 5 g peptone, 10 
g glucose, and 20 g agar, prepared in seawater32.

Yeast characterization and identification
A colony grown on Wickerham’s YM medium for 2 days at room temperature (26 °C) was characterized 
based on macroscopic and microscopic morphological characteristics. Macroscopic characterization included 
texture, color, elevation, surface, and margin, while microscopic cellular characteristics were examined at 
100× magnification using a binocular light microscope (model SE; Nikon Corporation, Tokyo, Japan) after 
staining with Lactophenol Cotton Blue. Cell shape and asexual reproduction were observed. In addition to 
morphological observation, molecular identification was performed for six yeast isolates. Four isolates (M5.0.1, 
BI.4.1.1, M5.0.3, and M6.0.2) were processed by Macrogen Inc. (Seoul, South Korea) for ITS sequencing. Isolates 
M5.0.1 and BI.4.1.1 were amplified using ITS1 (5′-​T​C​C​G​T​A​G​G​T​G​A​A​C​C​T​G​C​G G-3′) and ITS4 (5′-​T​C​C​T​C​C​
G​C​T​T​A​T​T​G​A​T​A​T​G​C-3′), while isolates M5.0.3 and M6.0.2 were amplified using ITS5 (5′-​G​G​A​A​G​T​A​A​A​A​G​
T​C​G​T​A​A​C​A​A​G​G-3′) and ITS4 (5′-​T​C​C​T​C​C​G​C​T​T​A​T​T​G​A​T​A​T​G​C-3′). PCR reactions (20 µL) contained 2 µL 
10× Taq PCR buffer, 1.6 µL 2.5 mM dNTP mixture, 1 µL of each primer (10 pmol/µL), 1–2 µL template DNA (20 
ng/µL), 0.2 µL KOMA-Taq DNA polymerase (2.5 U/µL), and nuclease-free water to volume. Cycling conditions 
were: 95 °C for 5 min; 30 cycles of 95 °C for 30 s, 55 °C for 2 min, and 68 °C for 1.5 min; final extension at 68 °C 
for 10 min; hold at 4 °C. Two isolates (K3.1.2 and M6.0.1) were processed at Genetika Science, Indonesia, for 
D1/D2 domain sequencing using NL1 (5′-​G​C​A​T​A​T​C​A​A​T​A​A​G​C​G​G​A​G​G​A​A​A​A​G-3′) and NL4 (5′-​G​G​T​C​C​G​
T​G​T​T​T​C​A​A​G​A​C​G​G-3′). PCR reactions (25 µL) contained 12.5 µL MyTaq™ HS Red Mix (2×; Bioline, UK), 1 
µL of each primer (10 µM), ~ 50 ng genomic DNA, and nuclease-free water. Cycling conditions were: 95 °C for 
1 min; 35 cycles of 95 °C for 10 s, 52 °C for 15 s, and 72 °C for 15 s; hold at 4 °C. PCR products were purified 
and sequenced bidirectionally (Macrogen Inc. for ITS; 1 st BASE, Singapore for NL). Resulting sequences were 
analyzed using BLASTn against the NCBI nucleotide database for species-level identification. For phylogenetic 
analysis, reference sequences were retrieved from GenBank and aligned with the study isolates in MEGA version 
10.2.6 using the ClustalW algorithm with default parameters. Phylogenetic trees were generated using the 
maximum likelihood method, and branch support was assessed by bootstrap analysis33.

Characterization of functional capabilities related to polyethylene biodegradation
PE degradation potential test on solid media
The yeast isolates were cultivated on a mineral medium composed of (per L): 3 g NH₄NO₃, 5 g K₂HPO₄, 1 
g NaCl, 0.2 g MgSO₄·7 H₂O, and 15 g agar. This medium was supplemented with 10 g L−1 polyethylene (PE) 
powder28 and 0.05% Tween80 to aid dispersion, achieved by vortexing for 1 min. The cultures were incubated at 
30 °C34. Following incubation for 7 to 14 days. The yeast isolates that exhibited growth indicating potential PE 
degradation28. To further confirm degradation activity, a qualitative clear zone assay was performed on mineral 
salt agar (same basal composition) supplemented with 10 g L⁻¹ powdered PE (sterilized by immersion in 70% 
ethanol for 1–2 h, followed by UV exposure for 30 min) and 0.25 mL L⁻¹ Tween 20. Yeast isolates were spot-
inoculated and incubated for 7–14 days. Plates were then flooded with 0.1% (w/v) Coomassie Brilliant Blue, 
incubated for 20 min, and destained for 25 min. The presence of a clear halo surrounding the colony indicated 
extracellular enzymatic activity capable of degrading PE particles embedded in the agar matrix. Halo diameters 
were measured as previously described27, and newly acquired representative photographs are presented alongside 
the corresponding measurements in Supplementary Figure S6.

Biofilm formation
The biofilm formation potential of yeast isolates on PE was assessed using crystal violet staining. Biofilms were 
developed under static conditions, with yeast suspensions prepared by resuspending several loops of yeast isolate 
in sterile 0.85% physiological saline until an optical density (OD) of 0.5 at 600 nm was reached. Subsequently, 1.2 
mL of the suspension was added to a 6-well cell culture plate containing 3 ml of Bushnell-Haas (BH) medium 
and sterilized 5 × 5 mm PE coupons (previously treated with 70% ethanol for 20 min and air-dried). The BH 
medium composition included (per L) 1.0 g NH₄NO₃, 0.2 g MgSO₄·7 H₂O, 1.0 g K₂HPO₄, 0.1 g CaCl₂·2 H₂O, 
and 0.15 g KCl, supplemented with 30 g L−1 NaCl. The negative control consisted of sterile medium containing 
the PE coupons without microbial inoculation, incubated under the same conditions as the test samples. After 
7 days, the coupons were rinsed twice with 0.1 mol L−1 phosphate buffer (pH 7.4) to remove non-adherent cells. 
Biofilms were stained by adding 500 µL of 0.1% crystal violet solution to each coupon, incubating for 45 min 
at room temperature (26 °C). Excess dye was removed by washing the coupons three times with 1 mL of sterile 
water.The bound crystal violet was then solubilized using 500 µL of 95% ethanol, incubated for 30 min at 4 °C. 
A 100 µl sample from each well was transferred to a 96-well microtiter plate, and OD was measured at 595 nm 
using iMark Microplate Absorbance Reader (Bio-Rad). The OD cutoff value (ODc) was calculated as the mean 
OD of the negative control plus three times its standard deviation (SD). This ODc is used to minimize the 
influence of non-specific or background staining—such as residual crystal violet that may remain on the plastic 
surface even in the absence of yeast35. The ODc was determined to be 0.0549. Biofilm formation was classified 
as follows: non-adherent (OD ≤ ODc), weakly adherent (ODc < OD ≤ 2xODc), moderately adherent (2xODc < 
OD ≤ 4xODc), and strongly adherent (4xODc < OD)36,37. Biofilm formation was assessed in three independent 
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biological replicates. Data are presented as mean ± standard deviation (SD), with SD values shown as error bars 
in the corresponding figure.

PE degradation by single-culture yeast in liquid medium
The inoculum was prepared by transferring several loops of yeast culture into 0.85% (w/v) physiological saline 
and adjusting the suspension to an OD₆₀₀ of 0.5 using a spectrophotometer. A 10% (v/v) inoculum of this 
OD₆₀₀-adjusted suspension was then used for the assay11,38,39 and 0.2% polyethylene (PE) pellets40 were added 
into 100 mL of Bushnell-Haas (BH) medium. The mixture was incubated at room temperature (26 °C) in a 
shaker incubator set to 150 rpm for 10 days41. A control treatment without yeast inoculation was also included. 
All treatments were conducted in triplicate. The effectiveness of the biodegradation process was evaluated by 
measuring the dry weight reduction of the PE sample using the following formula39:

	
W eight reduction (%) = Initial weight − F inal weight

Initial weight
x100

The culture was filtered, and the polyethylene granules were soaked in 2% sodium dodecyl sulfate (SDS) for 4 
h, followed by rinsing with distilled water and oven-drying at 60 °C42,43. The dry weight loss of the plastic was 
determined by calculating the difference between the initial and final dry weights before and after biodegradation.

Morphological changes resulting from the polymer biodegradation assay were examined on samples that 
exhibited the most effective degradation using a Scanning Electron Microscope (SEM) SU3500 at a magnification 
of up to 10,000x. Changes in functional groups were analyzed by Fourier Transform Infrared (FTIR) spectroscopy 
using an IR Prestige-21 spectrophotometer (Shimadzu, Japan) operated in % transmittance mode over the range 
400–4000 cm⁻¹, with a resolution of 4 cm⁻¹ and 50 scans per sample. Polyethylene (PE) pellets were finely ground 
with an agate mortar and pestle, then homogenized with spectroscopic-grade potassium bromide (KBr) that 
had been oven-dried for 24 h to remove moisture. The mixture was placed in a KBr die and compressed at 10 
tons to produce a transparent pellet. A blank KBr pellet was scanned as the background. Spectra were baseline-
corrected and smoothed (smoothing factor 5–12) using IR Solution software (Shimadzu) prior to analysis.

Carbon source utilization profile using biolog EcoPlate™
The yeast isolate with the highest polyethylene (PE)–degrading activity was pre-cultured in half-strength 
Wickerham’s YM medium supplemented with 0.25% n-hexadecane until the mid-logarithmic phase (≈ 10⁸ cells 
mL⁻¹). Cells were harvested (8,000 × g, 15 min), washed twice with 1× phosphate-buffered saline (PBS), and 
resuspended to an OD₆₀₀ of 1.0 (≈ 10⁸ cells mL⁻¹). A 100 µL aliquot of this suspension was inoculated into each 
well of a Biolog EcoPlate™. Plates were incubated in the dark at 37 °C for 5 days. Well absorbance (OD₅₉₀) was 
measured daily (days 0–5). For each substrate, OD values were corrected by subtracting the corresponding 
water-control well; negative values were set to zero before data aggregation. The heatmap shows the mean OD 
of three technical replicates per substrate, with corresponding standard deviations provided in Supplementary 
Table S3. EcoPlate profiling was conducted from a single independent culture (three technical replicates per 
substrate) and is presented descriptively; no statistical hypothesis testing was performed.

Biosurfactant assay
The ability of yeast to produce biosurfactants was observed from the emulsification activity test. A 10% yeast 
inoculum (cell density ≈ 10⁸–10⁹ cells mL−1)44 was grown in 180 mL of Bushnell-Hass medium supplemented 
with 2% crude oil. The culture was incubated at 150 rpm and room temperature (26 °C) for 4 days. Following 
incubation, the culture was centrifuged at 12,000 rpm for 30 min at 4 °C to obtain the cell-free supernatant for 
use in the biosurfactant assay23. The crude biosurfactant obtained from the supernatant was subsequently used 
to assess emulsification activity. The assay was performed by adding 2 mL of crude oil to a test tube containing 
2 mL of the supernatant. The mixture was vortexed at high speed for 2 min and left for 24 h. The emulsification 
index (EI₂₄) was determined in two independent biological replicates. Results are expressed as mean ± SD, with 
SD values shown as error bars in the corresponding figure. The percentage of emulsification value (EI24) was 
calculated based on the following Eqs45,46.:

	
EI24% = emulsified layer height

total liquid column height
× 100

Genomic analysis
Genomic DNA extraction, library preparation, and whole genome sequencing (WGS)
The yeast isolates with the highest PE biodegradation potential were subjected to whole-genome sequencing 
(WGS). Genomic DNA (gDNA) of the isolate was extracted using Quick-DNA Magbead Plus Kit (Zymoresearch, 
D4082)47, which then subjected to initial quantification and purity observation with Nanodrop 2000 (Thermo 
Scientific), DNA visualization with Agarose Gel Electrophoresis, accurate quantification with Qubit dsDNA 
HS Assay Kits (Thermo Scientific), and integrity with 4150 TapeStation (Agilent). Total gDNA was used for the 
input of library preparation. Library Prep Kit using xGen DNA Library Prep EZ UNI Kit (IDT, 10009822). The 
gDNA was fragmented using enzymatic methods to match the expected insert size. The fragmented DNA was 
ligated with Illumina-compatible Adapter with unique index for each sample. PCR was conducted to amplify the 
library. The quality and quantity of library samples were determined using Tape Station and Qubit Fluorometer, 
respectively. Sequencing was conducted 300 cycles (PE150) using Illumina NextSeq 2000 (Genetika Science Lab, 
Tangerang, Indonesia). Filtering was performed using fastp. Filtered reads were used for de novo48.
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Genome assembly and annotation
De novo genome assembly was performed using SPAdes v4.0.049. The assembly quality was assessed with QUAST 
v5.3.050 and BUSCO v5.8.251. Repeat regions in the genome were identified using RepeatModeler v2.0.552 and 
subsequently masked with RepeatMasker v4.1.553. Gene prediction was conducted using BRAKER v3.0.854 with 
the --fungus option. Transfer RNAs (tRNAs) and ribosomal RNAs (rRNAs) were identified using tRNAscan-
SE v1.3.155 and Barrnap v0.9 (https://github.com/tseemann/barrnap), respectively. All predicted genes were 
annotated using multiple databases, including Clusters of Orthologous Groups (KOG) ​(​​​h​t​t​p​:​/​/​w​w​w​.​n​c​b​i​.​n​l​m​
.​n​i​h​.​g​o​v​/​C​O​G​​​​​)​, Kyoto Encyclopedia of Genes and Genomes (KEGG) (https://www.kegg.jp)56,57, Swiss-Prot, 
TrEMBL (https://www.uniprot.org/uniprotkb), and the Non-Redundant (NR) protein database ​(​​​h​t​t​p​s​:​/​/​f​t​p​.​n​c​
b​i​.​n​l​m​.​n​i​h​.​g​o​v​/​b​l​a​s​t​/​d​b​/​​​​​.​)​. Functional annotation was performed using DIAMOND blastp v2.1.858. Based on 
NR database annotations, Gene Ontology (GO) (http://www.ebi.ac.uk/GOA) were assigned using Blast2GO59. 
Protein family classification was performed using the Pfam database (http://pfam.xfam.org/) with HMMER 
v3.3.260.

Visualization of genome
Visualization was generated using Circos v0.69.861.

Phylogenomics analysis
The genomes of species from the Meyerozyma guilliermondii complex and Clavispora lusitaniae were retrieved 
from NCBI with the GenBank assembly accessions as follows: M. guilliermondii: GCA_000149425.1, 
GCA_900174495.1, M. caribbica: GCA_000755205.1, GCA_900231965.1, GCA_900232065.1, M. carpophila: 
GCA_001599235.1, C. lusitaniae: GCA_000003835.1. OrthoFinder v3.0.1b1 was used to identify orthogroups62. 
Single-copy orthogroups (SCOs), defined as orthogroups with exactly one protein in all samples, were selected 
for phylogenomic analysis. Each SCO was aligned using MUSCLE v5.163, and recombination was assessed with 
PhiPack v1.164. An SCO was considered nonrecombinant if it passed all three recombination tests in PhiPack. 
Nonrecombinant SCO alignments were refined using Gblocks v0.91b65 and concatenated with a custom 
Python script. The final concatenated alignment was used as input for RAxML v8.2.1266 under the PROTCAT 
approximation, applying the LG substitution model with 1000 bootstrap replicates.

Results
Morphological characteristics and identification of yeast
Yeast morphological characterization was performed macroscopically by colonies and microscopically by cells 
based on Kurtzman and Fell characterization67 (Supplementary Table S1). Supplementary Figure S1 presents 
macroscopic and microscopic morphological features of the isolates. The results show that each isolate exhibited 
distinct morphological characteristics.

The BLAST analysis results of ITS and D1/D2 (Supplementary Table S2) identified isolates BI.4.1.1 and 
K3.1.2 as Rhodotorula mucilaginosa with identity values of a 100% and 99.49%, respectively. Isolate M5.0.1 was 
identified as Candida tropicalis with 100% identity, while isolate M5.0.3 was determined to be Crinitomyces 
flavificans also with 100% Identity. Isolate M6.0.1 was confirmed as Moesziomyces antarcticus with a 100% Identity. 
Additionally, isolate M6.0.2 was identified as Meyerozyma carpophila with an Identity value of 99.81%. The 
resulting sequences of BI.4.1.1, K3.1.2, M.5.0.1, M.5.0.3, M.6.0.1, and M.6.0.2 were deposited in GenBank under 
the accession numbers PV596362, PV596366, PV596363, PV596364, PV596367, and PV596365,respectively.

The internal transcribed spacer (ITS) region and the D1/D2 domain of the 26 S rDNA were selected for 
molecular identification. Representative sequences from related yeasts were retrieved from the GenBank 
database to serve as reference points for comparison. These sequences and those obtained from the isolates 
in this study were aligned and used to construct phylogenetic trees using the MEGA-X software. Phylogenetic 
analysis was conducted to determine the evolutionary relationships and confirm the taxonomic placement of the 
isolates (Supplementary Figure S2-S4).

Characterization of functional capabilities related to polyethylene biodegradation
Potential of yeast for PE degradation observed on solid media
Supplementary Figure S5 compares the growth of yeast isolates on Wickerham’s YM medium and mineral 
salt medium containing polyethylene (PE) powder. All yeast isolates formed colonies on mineral salts agar 
supplemented with polyethylene (PE) powder within 10 days of streak inoculation, indicating growth under 
PE-containing conditions. Qualitative halo formation was observed for a subset of isolates, with diameters 
summarised in Supplementary Figure S6. The largest halo was recorded for isolate M5.0.1 (~ 1 mm; adapted 
from Alami et al.27), whereas M5.0.3 showed no detectable halo under these conditions. Halo size is reported as 
a descriptive indicator of surface-associated activity on PE agar; no statistical analysis was performed.

Biofilm formation
The results of the biofilm formation assay are presented in Fig. 1. All isolates exhibited the ability to form biofilms, 
with M6.0.1 and M5.0.1 showing intermediate biomass, while BI.4.1.1, K3.1.2, M6.0.2, and M5.0.3 were classified 
as weak biofilm producers based on OD600 values. Biofilm data did not follow a normal distribution according 
to the Kolmogorov–Smirnov test; therefore, statistical comparisons were performed using the Mann–Whitney U 
test. Isolate M6.0.2 exhibited significantly different biofilm biomass than BI.4.1.1 (p = 0.050), K3.1.2 (p = 0.050), 
M6.0.1 (p = 0.050), and the control (p = 0.050), while no significant differences were observed compared to 
M5.0.1 (p = 0.513) or M5.0.3 (p = 0.513).
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PE degradation by single-culture yeast in liquid medium
The experimental results for each isolate cultured in Bushnell-Haas liquid medium, incubated for 10 days with 
the addition of 0.2% polyethylene (PE) (< 5 mm in size), are visualized in Figs. 2. These results are based on the 
percentage reduction in PE dry weight.

As shown in Fig. 2, among all tested isolates, M6.0.2 exhibited the highest mean percentage of PE dry weight 
reduction. Independent Samples t-test analysis revealed that M6.0.2 differed significantly from the control 
(p = 0.045) and from M6.0.1 (p = 0.045), while differences with other isolates were not statistically significant 
(p > 0.05). M6.0.2 consistently achieved the highest degradation values across replicates, supporting its selection 
for further analyses.

Fourier Transform Infrared (FTIR) Spectroscopy was employed to analyze chemical changes in the PE 
structure resulting from the degradation process. Figure 3 shows the FTIR spectra of the PE samples treated 
with isolate M6.0.2 alongside the untreated control (without yeast inoculum).

The FTIR spectrum of PE degraded by isolate M6.0.2 showed clear differences from the control (Fig. 3). 
New absorption bands were detected at ~ 3425 cm⁻¹ (O–H stretching) and ~ 1651 cm⁻¹ (C = O stretching), both 
of which are widely recognized as signatures of oxidative degradation in polyethylene. The presence of these 
functional groups indicates that oxidative processes, most likely mediated by microbial enzymes, contributed to 
the chemical alterations in the polymer backbone.

Chemical alterations in the surface morphology of PE were further investigated using SEM. The control PE 
sample (Fig. 4D and E, and 4F), exhibited a smooth and intact surface prior to biodegradation. In contrast, the 
PE samples treated with isolate M6.0.2 showed evident surface alterations, as illustrated in Fig. 4A and B, and C, 
captured at magnifications of 1000x, 5000x, and 10,000x, respectively.

To further investigate the metabolic profile of strain M6.0.2, additional testing was performed using Biolog 
ECOPlates. As shown in Supplementary Figure S7 and Supplementary Table S3, strain M6.0.2 exhibited active 

Fig. 2.  Weight reduction percentage of polyethylene after 10 days of incubation. The experiment was 
conducted under an initial pH of approximately 7, agitation at 150 rpm, and a temperature of 26 °C, using 
three independent biological replicates for each treatment. Error bars indicate standard deviation of the mean. 
The control consisted of PE incubated in sterile medium without yeast inoculation.

 

Fig. 1.  Biofilm formation by yeast isolates on polyethylene (PE) surfaces is illustrated, with the y-axis 
representing the mean Optical Density (OD) values at 590 nm across three replicates per isolate. Horizontal 
lines indicate cutoff values for categorizing biofilm formation strength as weak, intermediate, or strong. Isolates 
are classified as follows: nonadherent, OD ≤ ODc (0.0549); weakly adherent, ODc < OD ≤ 2 × ODc; moderately 
adherent, 2 × ODc < OD ≤ 4 × ODc; and strongly adherent, OD > 4 × ODc. The OD cutoff value (ODc) was 
determined as the mean OD of the negative control plus three times the standard deviation.The negative 
control consisted of PE incubated in sterile medium without yeast inoculation. Error bars represent the 
standard deviation from three independent biological replicates.
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growth and demonstrated the ability to assimilate a wide range of substrates. Notably, it was also able to utilize 
several analog hydrocarbon substrates, such as Tween 40 and Tween 80, as well as their metabolic intermediates, 
including itaconic acid, pyruvic acid methyl ester, and 2-/4-hydroxybenzoic acid.

To complement these findings, the emulsification index was measured to determine whether isolate M6.0.2 
possesses biosurfactant-producing capabilities, which may contribute to the PE degradation process. The results, 
indicating biosurfactant production by isolate M6.0.2, are shown in Supplementary Figure S8. The results of the 
emulsification test (Supplementary Figure S8) showed the ability of strain M6.0.2 to emulsify crude oil starting 
at 24 h, with a notable increase observed between 48 and 72 h, after which the activity stabilized. Meanwhile, the 
pH was known to decrease until the 72 h, followed by a gradual increase toward the end of the incubation period.

Fig. 4.  Surface topography of PE pellets observed by SEM: (A) and (D) M6.0.2 and control, respectively, at 
1000× magnification (scale bar: 50 μm); (B) and (E) M6.0.2 and control at 5000× magnification (scale bar: 10 
μm); (C) and (F) M6.0.2 and control at 10,000× magnification (scale bar: 5 μm). Scale bars are located at the 
bottom of each image.

 

Fig. 3.  FT-IR spectra of polyethylene pellets for sample M6.0.2 and control.
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Genome assembly and annotation
Next, the best isolate, M6.0.2, exhibited PE degradation ability, was subjected to Whole Genome Sequencing 
(WGS) using the Illumina NextSeq 2000 (PE 150) platform to obtain a comprehensive overview of its genomic 
structure. After genome assembly, correction, and optimization, a total sequence length of 10,339,184 bp was 
assembled into 108 contigs with an N50 length of 1,078,351 bp. The GC content of the assembled contig was 
47.32%. M6.0.2 genome includes 5,352 coding protein genes, and the average length of protein-coding genes 
was 1,754.76 bp. In addition, the non-coding RNA, including four rRNA and 145 tRNA, was predicted (Table 1). 
The average coverage depth was 621x and complete BUSCO was 96.4%. The predicted result of the total repeated 
sequence length was 107,940 bp, covering 1.04% of the genomic length.

Genome functional annotations of the 5352 predicted protein-coding genes using the public databases of 
GO, KEGG, KOG, Pfam, SwissProt, TrEMBL and NR. The protein-coding genes were annotated in the GO 
database, which were divided into three major classes and 48 functional groups (Supplementary Figure S9A). 
Among them,21, 14 and 13 subclasses exist in the biological process, cellular component, and molecular function 
and biological process, respectively. The classification chart of the KEGG pathways is shown in Supplementary 
Figure S9B. Among the KEGG pathways, signal transduction (645 genes), transport and catabolism (499 genes) 
and carbohydrate metabolism (425 genes) have more abundant gene numbers than other pathways. In addition, 
Supplementary Figure S9C shows genes annotated in the KOG database. Based on the figure, the largest number 
of genes (1345) are from the function unknown category, followed by other categories such as Intracellular 
trafficking, secretion, and vesicular transport (489) and Post-translational modification, protein turnover, and 
chaperons (453).

To align the genome analysis with the study’s focus on polyethylene (PE) degradation, we curated a 
representative subset of PE-relevant genes into a simplified functional table (Table 2) grouped by enzymatic role, 
while the complete locus-level annotation remains available in Supplementary Table S4. The table highlights 
peroxidases implicated in polymer oxidation—laccase (e.g., g689.t2), glutathione peroxidase—together with 
non-heme chloroperoxidase (e.g., g4974.t1). Candidates for initial hydroxylation of reduced PE fragments are 
represented by CYP52-family P450s (e.g., CYP52A12 g2834.t1, CYP52A13 g1257.t1). Downstream conversion 
includes alcohol dehydrogenase (e.g., g2038.t1) and aldehyde dehydrogenase (e.g., g64.t1), followed by esterase/
lipase (e.g., g773.t1, g2076.t2) and entries consistent with fatty acyl–CoA processing/β-oxidation (e.g., acyl-CoA 
thioesterase 9 g3612.t1; peroxisomal acyl-CoA thioester hydrolase 1 g3705.t1). Table 2 lists representative IDs 
per category to retain readability; full database hits and additional loci are provided in Supplementary Table S4 
(with KEGG category counts in Supplementary Table S5).

Visualization of genome
Finally, a detailed circular genome diagram of M6.0.2 is displayed in Fig. 5. The outermost circle is labeled with 
the size of the genome, and each scale is 50 Kb. From the outside to the inside (Fig. 5A), the second and third 
loops represent the characteristics of the whole genome, including the positive chain gene and negative chain 
gene, where different colors represent different COG/KOG functional classifications (Fig. 5B). The fourth and 
fifth loops exhibited the ncRNA, including rRNA (green) and rRNA (pink). The sixth circle is the GC content; 
the outward black part indicates that the GC content in this region is higher than the average GC content in the 

Parameter Value

Genome assembly

Contigs number 108

GC content (%) 47.32

N50 (bp) 1,078,351

N90 (bp) 319,671

L50 4

Gap ratio (%) 0.00

Coding ratio (%) 79.85

Gene prediction and analysis

Genome size (bp) 10,339,184

Number of protein-coding genes 5,352

Gene total length (bp) 8,609,179

Gene average length (bp) 1,754.76

CDSs total length (bp) 8,255,479

CDSs number 9,151

Exon length (bp) 8,257,946

Intron length (bp) 459,533

Repeated sequence percentage (%) 1.04

rRNA number 4

tRNA number 145

Table 1.  General features associated with the genome in Meyerozyma carpophila M6.0.2.
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genome. The higher the peak value, the more significant the difference from the average GC content. The inward 
orange part is the opposite. The innermost layer is the GC skew (the specific algorithm: G-C/G + C), where the 
outward green part indicates that the C content in this area is lower than that of G, and the inward blue part is 
the opposite.

We retrieved 1,135 SCOs, which were then aligned with MUSCLE and tested for recombination with PhiPack. 
We retained 695 nonrecombining SCOs and processed their MSAs with Gblocks. The polished MSAs were 
concatenated, obtaining a 310,003 bp long alignment. We used this final MSA as input for RAxML, obtaining a 
phylogenetic tree with 100% bootstrap support for all branches (Fig. 6). Four evident clades can be seen in the 
tree, which is Clavispora lusitaniae as the outermost single species clade, and the genomes of M6.0.2 clustering 
together with M. carpophila clade.

Fig. 5.  The Meyerozyma carpophila M6.0.2 circular genome diagram. (A) The circular genome diagram. (B) 
The COG/KOG functional classification in circular diagram.

 

Category Key enzymes
Representative locus 
IDs Role in PE pathway Evidence tags (KO/PFAM)

Peroxidase—laccase 
(multicopper oxidase) Laccase abr2 g689.t2 Oxidative modification of polymer surface; 

promotes carbonyl/hydroxyl introduction PF07732.21; Cu-oxidase_3

Peroxidase—glutathione 
peroxidase

Glutathione peroxidase; Peroxiredoxin 
HYR1 g2936.t1, g2936.t4 Oxidative support and peroxide reduction 

during polymer oxidation
KO: K23856; PF00255.25; 
GSHPx

Peroxidase—non-heme 
chloroperoxidase Non-heme chloroperoxidase g4974.t1 Haloperoxidase-type oxidative reactions 

contributing to polymer oxidation PF00561.26; Abhydrolase_1

Alkane monooxygenase (or 
functional analog: CYP52)

Cytochrome P450 52A13; Cytochrome 
P450 52A12 g1257.t1, g2834.t1 Initial hydroxylation of reduced PE 

fragments (ω/terminal) yielding alcohols PF00067.27; p450

Alcohol dehydrogenase NADP-dependent alcohol dehydrogenase 
6 g2038.t1, g2224.t2 Alcohol →aldehyde conversion KO: K00002; K05351; 

PF08240.17; ADH_N

Aldehyde dehydrogenase mitochondrial aldehyde dehydrogenase; 
putative oxidoreductase g64.t1, g65.t1 Aldehyde →carboxylic acid conversion KO: K00128; PF00171.27; 

PF00106.31; Aldedh; adh_short

Esterase/lipase Sterol esterase TGL1; putative lipase g773.t1, g2076.t2 Hydrolysis of ester products to acids and 
alcohols

KO: K01052; PF04083.22; 
PF01764.32; Abhydro_lipase; 
Lipase_3

β-oxidation/fatty acyl—CoA 
processing

Peroxisomal acyl-coenzyme A thioester 
hydrolase 1; Acyl-coenzyme A thioesterase 
9 mitochondrial

g3705.t1, g3612.t1 Channeling fatty acids into β-oxidation 
toward central metabolism

KO: K17361; PF20789.3; 
4HBT_3C

Table 2.  Selected polyethylene (PE)-associated genes identified in Meyerozyma Carpophila M6.0.2, grouped 
according to predicted enzymatic function.
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Comparative genomic analysis between isolate M6.0.2 and other related strains (Supplementary Table S6) 
revealed notable differences based on orthogroup analysis. Thus, it shows that M6.0.2 can be considered a new 
strain of Meyerozyma carpophila.

Discussion
The BLAST analysis results of ITS and D1/D2 (Supplementary Table S2) revealed that isolates BI.4.1.1 and 
K3.1.2 were identified as Rhodotorula mucilaginosa. This species has been documented as a marine yeast 
capable of degrading polyethylene (PE). This was demonstrated through the experiment, UV-irradiated 
¹³C-labeled polyethylene, resulting in a degradation rate of 3.8% per year22. Isolate M5.0.1 was identified as 
Candida tropicalis. According to Zahari et al.68 C. tropicalis was capable of degrading low-density polyethylene 
(LDPE) film by up to 3.2% after a 7-week incubation period, using a 10% culture inoculum. Isolate M5.0.3 was 
identified as Crinitomyces flavificans. To date, no studies have reported the potential of C. flavificans for plastic 
degradation. Isolate M6.0.1 showed a match to the species Moesziomyces antarcticus. Several species within 
this genus have demonstrated biological activity against biodegradable plastics (BPs) and for the production of 
biosurfactants with various industrial applications69. Furthermore, isolate M6.0.2 was identified as Meyerozyma 
carpophila. This species was initially named Candida guilliermondii var. carpophila in 1961 and later renamed 
Candida carpophila in 2005. Based on recent molecular analysis, this species is more appropriately placed in the 
genus Meyerozyma, which is now named Meyerozyma carpophila. This species belongs to the Guilliermondii 
complex, a group of phylogenetically related yeasts with similar morphological characteristics. In addition to 
M. carpophila, the Guilliermondii complex group includes other species, such as Meyerozyma guilliermondii, 
Meyerozyma caribbica, and Candida glucosophila70,71. M. carpophila is a yeast that is not yet known to have a 
sexual (teleomorphic) phase in its life cycle, unlike some other yeasts that have two phases: asexual (anamorphic) 
and sexual (teleomorphic)72. This yeast can grow in 10% NaCl. In biodegradation research using seawater media, 
salt resistance is an important indicator. Moreover, M. carpophila possesses lipase enzymes, which may play a 
significant role in the polyethylene degradation process70.

To date, no studies have revealed the role of Meyerozyma carpophila in polyethylene (PE) degradation. 
However, one study from the genus Meyerozyma reported on M. caribbica, which has demonstrated notable 
potential for low-density polyethylene (LDPE) degradation. A 45-day incubation period with the addition of 
Tween 80 resulted in a 13.3% reduction in LDPE dry weight. Moreover, enzyme activity assays confirmed the 
presence of laccase, manganese peroxidase (MnP), and lignin peroxidase (LiP) in the degradation medium18,24.

Figure 1 shows that all yeast isolates were capable of forming biofilms. According to Gilan et al.21, microbial 
degradation of solid polymers such as PE requires biofilm formation, as microorganisms must attach to and 
colonize the PE surface for effective degradation21.Therefore, biofilm formation is considered essential in plastic 
degradation. However, the ability of yeast to form biofilms must be further evaluated through degradation 
assays, as not all microbes capable of forming biofilms possess the ability to degrade plastic73.

As shown in Fig. 2, the study incorporated abiotic factors such as elevated temperatures and ultraviolet (UV) 
radiation to address this challenge. Prior to the experiment, the PE granules were pretreated by soaking in alcohol 
for 2 h, followed by drying in an oven at 50 °C for approximately two nights. Additionally, the granules were 
exposed to UV radiation for 1 h. This pretreatment induces oxidative damage, facilitating subsequent enzymatic 
oxidation by various enzymes secreted by yeast74–76. UV radiation has a complex impact on the biodegradation 
of plastic. It can induce either main-chain cleavage, cross-linking, or a combination of both77.

Based on Fig. 1, all yeast isolates demonstrated the ability to form biofilms, which was supported by applying 
abiotic treatments, including elevated temperature and UV radiation. These treatments contributed to the 
biodeterioration phase, which compromised the structural integrity of PE and reduced its dry weight, as shown 
in Fig. 2.

Determination of the dry weight loss is a simple and rapid method for assessing the biodegradation of 
polymers or plastics. This method correlates with the formation of biofilms on the plastic surface and within 
its cracks, which leads to the loss of the physical integrity of PE and contributes to its dry weight reduction. 
The extent of weight loss is generally proportional to the surface area, as biodegradation typically begins at the 
polymer surface in a process referred to as biodeterioration43,78.

The FTIR spectrum of PE degraded by isolate M6.0.2 (Fig. 3) revealed the appearance of distinct absorption 
bands at ~ 3425 cm⁻¹ and ~ 1651 cm⁻¹. Signals within the 1700–1650 cm⁻¹ region are typically associated 

Fig. 6.  Maximum likelihood tree. Resulting clades are highlighted: M. guilliermondii (yellow), M. caribbica 
(blue), M. carpophila (green), and C. lusitaniae (red).
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with carbonyl groups such as aldehydes and ketones, which are frequently detected as intermediates during 
polyethylene biodegradation79. The band near 3425 cm⁻¹ reflects O–H stretching vibrations, consistent with the 
formation of hydroxyl-containing compounds such as alcohols or phenolic derivatives33. The occurrence of these 
oxygenated functional groups is in line with enzymatic oxidation processes, often mediated by microbial oxidases 
(e.g., laccases and peroxidases) and oxygenases (e.g., alkane hydroxylases), which introduce oxygen atoms into 
otherwise inert hydrocarbon backbones. Collectively, these spectral changes support the interpretation that 
extracellular enzyme activity played a central role in driving the chemical modifications observed in degraded 
PE80,81.

The treated PE pellets (Fig. 4) exhibited a rough and uneven surface, characterized by pronounced cavities 
and substantial morphological alterations compared to the control samples. These surface irregularities may 
indicate an enhanced affinity of the tested yeast isolate toward the PE substrate30.

Based on the results of the ECOPlates assay (Supplementary Figure S7 and Supplementary Table S3), a marked 
increase in optical density (OD) was observed for nearly all substrates beginning at 24 h of incubation. This trend 
suggests that the yeast exhibits rapid growth and high metabolic activity across a broad range of carbon sources 
provided in the ECOPlate. Notably, several substrates potentially linked to polyethylene degradation—including 
hydrocarbon analogs such as Tween 40 and Tween 80, along with metabolic intermediates such as itaconic 
acid, pyruvic acid methyl ester, and 2-/4-hydroxybenzoic acid—elicited consistently high metabolic responses 
throughout the incubation period82.

To date, enzymes involved in polyethylene degradation have been primarily linked to hydrocarbon-degrading 
pathways. These pathways typically involve a series of oxidative enzymes, such as laccases, peroxidases, and 
monooxygenases83, alongside hydrolytic enzymes like lipases and esterases, which possess broad substrate 
specificity84,85. In the context of Biolog ECOPlates, several substrates act as analogs or metabolic intermediates 
relevant to polyethylene degradation. Specifically, Tween 40 and Tween 80 serve as hydrocarbon analogs and are 
widely used to assess lipase activity due to their esterified oleic acid content, which is preferentially hydrolyzed 
by lipases86,87. Moreover, the ability of the isolate to metabolize intermediates such as itaconic acid, pyruvic 
acid methyl ester, and 2-/4-hydroxybenzoic acid reflects the activity of core metabolic pathways, including 
those involved in fatty acid and aromatic compound catabolism—processes commonly associated with both 
hydrocarbon and polyethylene degradation82.

Enzymes—particularly oxidative enzymes involved in PE degradation—typically function by breaking down 
the polymer into smaller, esterified compounds through stepwise chemical reactions. Additionally, hydrolases 
such as lipases and esterases can catalyze the hydrolysis of ester bonds, resulting in the formation of new 
functional groups such as carboxylates and hydroxyls25. The incorporation of these functional groups enhances 
the hydrophilic properties of the PE surface88.

Yeasts often display hydrophobic cell surfaces due to protein-rich walls; however, these proteins are not always 
exposed, and hydrophilic fibrils may mask them depending on growth conditions, producing shifts between 
hydrophobic and hydrophilic phenotypes89,90. Consistent with this plasticity, across isolates, dry-weight loss did 
not scale with total biofilm biomass (Figs. 1 and 2). Notably, the top-degrading isolate, M6.0.2, produced the 
greatest dry-weight loss despite forming only a weak biofilm. Prior studies similarly indicate that while biofilm 
facilitates initial colonization on hydrophobic substrates such as PE, larger biofilm biomass does not necessarily 
imply higher degradation73.

These observations suggest that interfacial properties of the biofilm at the polymer–liquid boundary, 
rather than bulk biomass, better explain the observed dry-weight loss. During early attachment, yeasts secrete 
extracellular polymeric substances (EPS)—a predominantly hydrophilic matrix of polysaccharides, proteins, 
lipids, and DNA—that modulates cell-surface properties and interactions at the interface91,92. Matrix porosity, 
local oxygen and enzyme diffusion, and interfacial wetting are therefore likely to govern sustained contact with PE 
and the extent of dry-weight loss under our conditions93,94. In line with this view, M6.0.2 exhibited emulsification 
(Supplementary Fig. S8), compatible with biosurfactant production. Biosurfactants reduce interfacial tension; 
their hydrophobic moieties can associate with the polymer while hydrophilic headgroups engage the aqueous 
phase, increasing PE wettability and access for cells and enzymes95. Although emulsification was not measured 
concurrently with the dry-weight-loss assay, its presence in the highest-degrading isolate aligns with a qualitative 
link between biosurfactant-mediated wetting and enhanced processing of a hydrophobic surface. Finally, pH is 
a key determinant of biosurfactant production and performance: most yeasts grow optimally at pH 4–6, and pH 
shifts can alter biosurfactant morphology and solubility, thereby modulating interfacial activity96,97.

The raw sequencing data, including the N50 value of 1,078,351 bp, indicated the median contig length (Table 
1). These data indicate that contigs of this length or longer covered at least 50% of the assembled genome. This 
metric is often used as an indicator of genome assembly quality. During the de novo assembly process, the 
reads were assembled into a single contig with a length of approximately 1,731,636 bp, which reflects the final 
assembled genome size. The GC content of the M6.0.2 isolate genome was 47,32%. This percentage reflects the 
guanine (G) and cytosine (C) bases in the genome and is often used to assess genomic characteristics such as 
genome stability or environmental adaptation. This value is in line with the standard GC content range for yeast 
and may provide insight into this isolate’s biological or ecological properties98.

The completeness of the assembled genome was assessed using the BUSCO method. The results of the 
BUSCO evaluation of isolate M6.0.2 showed a gene completeness level of 96.2%, with 3,608 complete genes 
identified from the total analyzed. These genomic features indicate that the assembly process was successful, 
yielding a complete genome with a consistent GC content and a high degree of gene completeness98.

The annotation results revealed that the genome of M6.0.2 harbors genes encoding enzymes related to 
polyethylene degradation. To make the link between genome annotation and PE degradation explicit, we 
summarize representative genes by enzymatic role in Table 2, while the complete locus-level annotation is 
available in Supplementary Table S4 (KEGG category counts in Supplementary Table S5)56,57.
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The proposed degradation pathway is illustrated in Supplementary Figure S10. Several peroxidases, including 
laccase, glutathione peroxidase, and non-heme chloroperoxidase, are involved in PE degradation, which can 
lead to a decrease in the molecular weight of PE and ultimately destroy the PE polymer through oxidation. 
Carbonyl groups may be introduced along the polymer backbone during this oxidative process. The reduced PE 
molecules can be recognized as intermediate products and/or substrates for alkane monooxygenase to produce 
alcohol compounds, which can then be oxidized to aldehyde by alcohol dehydrogenases. Aldehydes produced 
during metabolism can be oxidized to carboxylic acids by aldehyde dehydrogenase. In addition, ester products 
can be hydrolyzed carboxylic acids and alcohols by esterase or lipase. Finally, fatty acids taken up by cells enter 
the β-oxidation pathway; the resulting compounds can then be used as metabolites and carbon sources (as well 
as CO2 and H2O) during mineralization. Although multiple enzyme classes are involved in PE degradation, 
complete breakdown of the polymer is challenging for a single enzyme due to the stability of successive alkane 
(C − C) bonds. Therefore, future research should prioritize the identification and development of a consortium 
of enzymes capable of collaboratively degrading polyethylene25,81,99.

Conclusion
This study successfully isolated and identified yeasts from marine plastic debris obtained from selected coastal 
sites in East Java, Indonesia. Meyerozyma carpophila M6.0.2 exhibited the highest polyethylene (PE)-degrading 
potential, as evidenced by a 0.4923% reduction in PE dry weight, visible alterations on the PE surface, and the 
formation of new functional groups—including aldehydes, ketones, and alcohols—after 10 days of incubation. 
The isolate was also capable of forming biofilms and producing biosurfactants, both of which can facilitate 
the biodegradation process. Whole-genome sequencing further revealed the presence of key genes encoding 
enzymes associated with PE degradation, including peroxidase, cytochrome P450 monooxygenase, alcohol 
dehydrogenase, aldehyde dehydrogenase, lipase, and esterase. The results of this study indicate that Meyerozyma 
carpophila M6.0.2 can degrade PE based on its functional and genomic characteristics, highlighting its potential 
for application in plastic waste bioremediation.

Data availability
The Meyerozyma carpophila M6.0.2 BioSample and BioProject are available at DDBJ/ENA/GenBank under the 
accession numbers SAMN48324007 and PRJNA1258570, respectively. The Whole Genome Shotgun project has 
been deposited at DDBJ/ENA/GenBank under the accession JBNOXJ000000000. The version described in this 
paper is version JBNOXJ010000000.
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